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Dynamics of the phospholipid shell of microbubbles:
a fluorescence photoselection and spectral phasor
approach†

Eli Slenders,a Senne Seneca,bc Sumit Kumar Pramanik,bcd Nick Smisdom,a Peter
Adriaensens,bc Martin vandeVen,a Anitha Ethirajan,bc‡ and Marcel Ameloota‡

The lipid organization of microbubbles is important in
many applications. By monitoring the photoselection
and emission spectrum of the fluorescent probe Laurdan
in perfluorobutane gas–filled DPPC microbubbles with a
two–photon laser scanning microscope, we observed a
transition to a more rigid lipid organization in 30 minutes to
several hours.

Microbubbles are particles between 0.1 and 100 µm in diam-
eter comprising a gas core that is encapsulated by a stabilizing
surfactant shell.1 These spherical structures find numerous ap-
plications, including gas delivery, controlled release of a ther-
apeutic payload for targeted therapy, contrast enhancement in
ultrasound imaging, personal care products, aerated food, and
foamed construction materials.2–10 Containers with a lipid mono-
layer shell are also used as a bioprinting tool for the fabrication
of living tissues through scaffold cell seeding.11 In all these appli-
cations, knowledge of the organization and stability of the mono-
layer shell is crucial. These properties are highly influenced by
the composition of the particle. Previously, lipids, lipid mixtures,
polymer surfactants and proteins, or combinations of these in-
gredients, have been used to design improved stability against
rupture, enhanced circulation time in the body, stability against
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gas dissolution, and target specificity.12–15 The choice of lipid or
lipid mixture, but also of the encapsulated gas, influences the
temperature–dependent organization of these lipids16 and allows
to tune the rigidity of the shell.17

A fast and sensitive method is needed to characterize the shell
structure of individual microbubbles, i.e. to obtain information
on the shell rigidity and the lipid organization. Here, we describe
a non–invasive optical method based on linearly polarized two–
photon illumination of Laurdan stained microbubbles.

The fluorescence intensity of Laurdan can be linked to the ori-
entation of the chromophore with respect to the polarization ori-
entation of the incident light, see Supporting Information (SI)
paragraph Laurdan fluorescence and Fig. S1. The brightest emis-
sion signal is obtained when the absorption transition dipole of
the chromophore is aligned parallel to the polarization direction
of the excitation light. For increasing angles θ between the chro-
mophore dipole and the polarization direction, the fluorescence
intensity will decrease and ultimately vanish for θ = 90 ◦. This
photoselection effect follows a cos2 θ relationship for one–photon
excitation and a more pronounced cos4 θ angular dependence for
two–photon excitation (2PE).18,19

In addition, the Laurdan fluorescence emission spectrum de-
pends on the polarity of its immediate environment.20,21 In case
of phospholipid vesicles in water, the Laurdan emission spectrum
maximum exhibits a large red Stokes’ shift of 50 nm – from 440 nm
to 490 nm – when going from the gel to the liquid crystalline lipid
phase. This pronounced spectral shift originates from a higher
degree of dipolar relaxation of water molecules above the phase
transition compared to the gel phase, since more water molecules
are surrounding the Laurdan probe in the former situation.22,23

Consequently, the fluorescence emission spectrum of Laurdan
provides information on the local organization of the lipids, as
demonstrated in bilayers by a plethora of researchers.19–22,24–33

Spectral changes can be conveniently quantified with the gen-
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eralized polarization (GP) approach. For an idealized instrument,
the GP is defined as20

GP =
IB − IR

IB + IR
, (1)

with IB and IR the Laurdan fluorescence intensity in the blue
(440 nm) and green (490 nm) channel, respectively. GP values
range from +1 when the Laurdan molecules are mainly emitting
in the blue wavelength range to −1 for a red–shifted spectrum
with the Laurdan located in a highly polar environment. For GP
imaging, the microscopy setup must be calibrated at sample tem-
perature with a reference spectrum, as shown in the SI, Figs. S3
and S4.

Here, we combine imaging of the GP of Laurdan stained mi-
crobubbles with fluorescence intensity measurements at different
orientations of the linear excitation polarization. We apply this
approach to study the lipid shell structure of 1,2–dipalmitoyl–sn–
glycero–3–phosphocholine (DPPC) microbubbles, filled with the
non–toxic, inert perfluorobutane (PFB) gas. Using DPPC, Zuo34

showed that the monolayer and bilayer phase behavior was simi-
lar. We measure the local effective lateral layer rigidity based on
2PE fluorescence imaging with two–channel GP detection and de-
termine the Laurdan chromophore orientation with respect to the
shell surface. Dynamic changes in the microbubble shell structure
are recorded in time series spanning several hours. Experiments
are conducted at room temperature and close to the phase transi-
tion temperature of DPPC in vesicles (41.4 ◦C 35), to mimic phys-
iological pyrexia conditions. Details on the microbubble prepara-
tion using a two–step sonication protocol, the fluorescence spec-
tra of shell sections of individual bubbles, cross–sections, the
imaging conditions and the GP analysis protocol are described
in the SI.

Fig. 1 and section 3 of the SI provide an overview of the mi-
crobubble imaging and GP analysis results. The majority of the
microbubbles exhibit an intensity distribution similar to the first
row of Fig. 1, i.e. with the top (T) and bottom (B) part brighter
than the left (L) and right (R) side. Since the illumination light
is horizontally polarized, these images indicate that the absorp-
tion dipole of the chromophoric moiety of Laurdan is, surpris-
ingly, mainly aligned with the microbubble shell surface. This re-
sult is in stark contrast to earlier observations of Laurdan stained
lipid bilayers made by others on giant unilamellar vesicles25,26,28

where the polarization dependence of the fluorescence of Laur-
dan is rotated over 90 ◦ with respect to our observations and has
maximal intensity at the L and R sides. Rotating the polarization
direction of the incident laser light confirms the orientation of the
absorption dipole with respect to the shell surface, see Fig. S5.

In some Laurdan stained microbubbles, however, the photose-
lection effect creates a brighter L and R side compared to the T
and B side, as illustrated in the second row of Fig. 1. In these
cases, the chromophore dipoles are apparently oriented perpen-
dicularly to the shell surface, pointing radially. We observed this
behavior both at 25 ◦C and at 42 ◦C, see Fig. S6.

Microbubbles with a clear T–B photoselection pattern system-
atically have a lower average GP than bubbles with a clear L–R
pattern, as shown in the last column of Fig. 1. In the T–B case,

(a) (b) (c)

(d) (e) (f)

Blue
channel

Green
channel

GP

-1

0

1

Fig. 1 Photoselection and Generalized Polarization (GP) observed in
Laurdan stained DPPC–PFB microbubbles imaged with 2PE laser scan-
ning microscopy at 25 ◦C. Column 1 (a, d): blue Laurdan fluorescence
emission channel (BP 405-455 nm). Column 2 (b, e): green Laurdan flu-
orescence emission channel (BP 475-565 nm). Right column (c, f): GP
calculated pixel wise from the blue and green images. Top row images
show bright top (T) and bottom (B) shell regions, while the left (L) and
right (R) side emit less fluorescence. The Laurdan molecules below and
above the focal plane will contribute more to the observed signal in the
T–B part than in the L–R part, i.e. the apparent slice thickness varies with
the intensity, creating the illusion of thicker T–B shell segments compared
to the L and R sides, top row. The second row images exhibit an oppo-
site pattern. GP values are indicated by the upper right color bar. The
excitation polarization is horizontal, as illustrated with the white arrows.
Illumination wavelength is 780 nm. Scale bars are 50 µm and hold for the
first two columns. The microbubbles in the GP panels are set to the same
diameter. Brightness and contrast are individually adjusted for all images
for visualization purposes. The full overview, including similar results at
42 ◦C, is shown in Fig. S6.

the GP values are highly negative. In contrast, in the L–R case,
these are closer to zero or positive.

Clearly, the L–R fluorescence intensity pattern and the high GP
values in the second row in Fig. 1 demonstrate that the lipid shell
structure of some microbubbles can differ significantly from other
microbubbles within the ensemble. Moreover, a microbubble con-
taining simultaneously both the low and the high GP phase was
found, as shown in Fig. S11. To determine whether a microbub-
ble shell may evolve from one state to the other, we imaged indi-
vidual microbubbles in a time series spanning several hours. For
each pair of blue and green channel images, the GP values were
computed pixel wise and plotted in a histogram. We evaluated
each histogram with the first–order phasor calculation.36,37 This
model–free method converts each histogram into a single point
(G, S) within the unit circle, allowing a convenient representa-
tion of the temporal evolution of the GP, see Fig. S7 in the SI
for the analysis of a representative microbubble, and also the de-
tailed protocol. The resulting phasor plot is shown in Fig. 2. A
video of the lipid dynamics during the transition is presented in
Fig_S9_time_series.mp4.

At the start of the time lapse measurement, the microbubble
has a T–B photoselection effect and a negative GP, similarly to the
first row of Fig. 1. The corresponding histogram leads to a data
point in the lower left quadrant of the phasor plot. During the first
90 minutes, consecutive images all yield similar (G, S) locations.
Then, the microbubble starts shrinking, as shown in panel (a) of
Fig. S10. The angular intensity distribution rotates 90 ◦ and the
blue channel fluorescence becomes brighter than the green chan-
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Fig. 2 Phasor plot of the shell dynamics at 25 ◦C of a single Laurdan
stained DPPC–PFB gas–filled microbubble collected over a time interval
of almost five hours. From each pair of blue and green channel fluores-
cence images, a histogram of GP values is calculated and analyzed with
the phasor method, resulting in a pair of (G, S) coordinates for each time
point. Data points are colored according to the progress in time using the
color bar at the right.

nel signal. In the phasor plot, the data points move progressively
counterclockwise ending up in the upper left quadrant almost 3
hours after the start of the shrinking process. During the last
40 minutes of the measurement, the bubble is in a stable configu-
ration, with no significant change in radius or phasor coordinates.

Additional representative cases are plotted in Fig. S8 (SI). The
phasor calculation of 21 individual microbubbles at a single time
point shows two main classes of shell rigidity with different fluo-
rescence intensity patterns and one microbubble undergoing the
transition towards the more rigid shell class.

The observed T–B selection and the corresponding GP images
can be explained by several models. Unlike for most lipid bi-
layers, where the dipole moments of the Laurdan chromophores
are mainly oriented perpendicularly to the membrane surface,
aligned with the lipid chains, the Laurdan chromophore moiety
in microbubbles is preferentially oriented parallel to the shell sur-
face. A similar result was obtained by Bagatolli et al. on giant
liposomes composed of the polar lipid fraction E from the ther-
moacidophilic archaebacterial Sulfolobus acidocaldarius.38 Baga-
tolli et al. concluded that the most plausible configuration for the
observed Laurdan photoselection effect in the archaebacteria is
that the chromophoric naphthalene ring is located in the lipid
polar headgroup region with the absorption dipole essentially
aligned parallel to the membrane surface, while the lauroyl tail is
parallel to the lipid hydrocarbon chain, pointing radially. In this
way, the polar carbonyl group is close to the water environment
and the apolar acyl chain is surrounded by the hydrophobic lipid
tails. The possibility for this L–shape conformation of Laurdan
has been theoretically confirmed in DPPC vesicles in the liquid
crystalline state29 and for DOPC lipid bilayers.39 Furthermore,
the low GP values indicate a strong dipolar relaxation effect, con-
firming the close proximity of water molecules surrounding the
Laurdan chromophore.20

Alternatively, the lipid tails may be oriented nearly parallel to
the shell surface instead of pointing towards the center of the mi-
crobubbles. This configuration seems feasible, since the PFB gas

is lipophobic40 and the lipid density in the shell may not be high
enough to force the lipid tails to point radially inwards. In this sit-
uation, the Laurdan molecules will adopt an elongated configura-
tion and will be aligned with the shell surface with the carbonyl
group pointing towards the water environment. As a result, a
T–B photoselection effect combined with a negative GP can be ex-
pected. A similar surmised tail model was found by the group
of Roke for sodium dodecyl sulfate at the oil–in–water droplet
liquid/liquid interface.41

The temporal evolution of the microbubble can be explained in
the context of PFB gas diffusion. Dependent on the diameter, the
initial PFB gas content and the density of the lipid shell surround-
ing the gas bubble, the PFB gas may diffuse at different rates from
the microbubble core to the medium environment. A deflating mi-
crobubble will shrink and the increasing lipid density may change
the lipid organization in the shell. The observed Laurdan photos-
election effects and the GP values indicate that after the shrinking
process, less water molecules are surrounding the chromophores,
which are then oriented perpendicularly to the shell surface. We
present a possible model to explain this behavior.

Upon shrinking of the microbubble, the lipid to gas ratio in-
creases. Assuming not all of the excess lipids will be shed from the
bubble shell in the form of vesicles or lipid aggregates, the lipid
concentration per unit area will rise and will force the molecules
to reorganize from a loosely covered shell to a more densely
packed configuration.42 The lipid heads will move closer to each
other, pushing the hydrophobic tails into the gas core. Conse-
quently, the Laurdan molecules will also move inwards and will
adopt the elongated conformer configuration,29 due to the in-
creased density of the lipid tails. The naphthalene groups can
populate the phospholipid glycerol region,43 with the long naph-
thalene axis parallel to the shell normal. The carbonyl groups will
reside below the hydrophobic–hydrophilic interface.29 GP values
will turn positive when the number of water molecules surround-
ing the Laurdan naphthalene groups decreases. A changing ori-
entation of the chromophore moiety results in an L–R photose-
lection intensity pattern upon horizontally polarized illumination.
Fig. S11 (SI) indicates that this process may start locally in a small
segment of the bubble. Alternatively, the whole shell structure
may simultaneously, but gradually, undergo the transition, as ob-
served in the time series measurement presented in Fig. S9 (SI).
Fig. S2 provides an overview of the proposed models.

Our model for the Laurdan position and orientation in the
shrunken microbubble is comparable to the expected behavior
of Laurdan in a lipid bilayer in the gel phase.29 Furthermore,
the positive GP values found in DPPC vesicles below the phase
transition temperature22,28 are close to our observations of the
shrunken microbubbles, both at room temperature and at 42 ◦C.
However, it cannot be concluded that the lipid structure in a gas–
filled, shrunken microbubble is similar to the organization of a
bilayer. Photoselection and GP measurements on Laurdan stained
giant unilamellar vesicles showed a temperature driven change in
GP values upon going through the phospholipid main phase tran-
sition, while the angular distribution of the fluorescence intensity
did not change.44 In contrast, we did not observe a temperature
dependence of neither the GP values nor the photoselection ef-
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fect. Instead, we measured a transition in which the shell rigidity
increases and the angular intensity distribution switches from T–
B to to L–R. The simultaneous shrinkage of the microbubble sug-
gests that this transition can be induced by diffusion of the PFB
gas and increased lipid density. Investigating the Laurdan behav-
ior as a function of the environmental pressure could provide a
more detailed answer on the shell behavior during the transition.
Our observations would also benefit from detailed calculations of
the interactions between PFB gas and lipids – as lipid tail cooper-
ativity may be influenced by PFB gas45–47 – which is outside the
scope of the present communication.

In conclusion, the lipid organization of the lipid shell of mi-
crobubbles was investigated by a microfluorimetric approach us-
ing the lipid probe Laurdan which is sensitive to water molecule
proximity. By changing the excitation polarization direction, we
have shown that the Laurdan chromophore is surprisingly ori-
ented mainly parallel to the shell surface in gas–filled DPPC–PFB
microbubbles. The negative GP values indicate a low shell rigidity,
implying a high penetration of water molecules. However, some
microbubbles revealed a 90 ◦ rotated intensity pattern, combined
with higher GP values, indicating a restricted penetration of wa-
ter molecules. We observed this effect both at 25 ◦C and at 42 ◦C.
We demonstrated with a time series measurement that this com-
plex behavior relates to shrinking of the microbubbles, induced
by PFB gas diffusing into the surrounding air saturated medium.

This fast and sensitive linearly polarized illumination approach
as described will aid selection and sorting of lipid shell encapsu-
lated gas–filled microbubbles. The non–invasive optical methods
presented here provide a useful extension to the Spectral Imag-
ing Toolbox provided by Aron et al.48 for the characterization
of individual microbubbles. This extension opens the path for
screening and sorting through the use of phasor plots of individ-
ual microbubble shells and sections thereof, or through a photos-
election analysis. This may contribute to designing microbubbles
with a shell rigidity optimized for specific (bio–)engineering ap-
plications.
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