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Abstract
Parasite transmission and disease outcomes in African wildlife are increasingly shaped by
anthropogenic environmental change, yet empirical data linking parasites, intermediate hosts
and wildlife health remain scarce. Following an unexplained increase in mortality among
wild ruminants at a Zimbabwean conservancy, we investigated the diversity, transmission and
potential health relevance of snail-borne trematodes within thismanagedwildlife conservancy.
We combined a post-mortem examination of anAfrican buffalo (Syncerus caffer), standardized
freshwater snail surveys, cercarial shedding experiments, DNA-based screening in snails, and
morphological andmolecular analyses of snails and parasites.The buffalo was infectedwith the
liver fluke Fasciola gigantica and an amphistome identified as Calicophoron aff. microbothrium.
Snail surveys revealed 4 gastropod taxa: invasive Physella acuta and Pseudosuccinea columella,
and native Radix natalensis and a Lentorbis-like planorbid. The latter 3 species hosted trema-
tode infections. Molecular screening linked C. aff. microbothrium infections in the buffalo to a
shedding P. columella, providing the first evidence that this invasive snail is a competent inter-
mediate host for this amphistome. No snails were found infected with F. gigantica. Additional
trematodes detected in snails included Plagiorchis maculosus, Plagiorchis sp., Echinostoma sp.,
and another species of the order Plagiorchiida. The presence of P. columella as a competent
intermediate host, combined with its known role in Fasciola transmission in Africa, highlights
the potential for parasite spillback and elevated disease transmission. Our findings under-
score the value of integrated approaches and emphasize persistent taxonomic and ecological
knowledge gaps that limit understanding of trematode-driven disease dynamics in African
wildlife.

Introduction

Parasites form a critical component of resilient ecosystems, providing important ecosystem ser-
vices that underscore the need for their conservation (Carlson et al., 2020). However, some
parasites pose significant threats to human health, livestock production and wildlife conser-
vation (Johansen et al., 2015; Mehmood et al., 2017; De Oliveira et al., 2024). Furthermore,
anthropogenic pressures can drastically alter parasite transmission, compromising both human
and animal health (Sow et al., 2002; Jones et al., 2013; Thompson, 2013; Gottdenker et al.,
2014) and shifting the balance in parasite-mediated competition (Price et al., 1986; Schall, 1992;
Tompkins et al., 2003), whereby both effects often shape community structure, biodiversity and
therefore conservation efforts. Together, these contrasting roles highlight parasitism as a com-
plex and context-dependent process with important implications for wildlife conservation and
management.

The ultimate effect of parasites on host health is often dependent on co-infections with
other pathogens, environmental stressors, and anthropogenic pressures. For instance, parasite-
mediated immune modulation or tissue damage can facilitate concomitant or secondary
infections, which ultimately drive disease severity and host mortality (Allen and Wynn, 2011;
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Demann and Wegner, 2019). Environmental pressures, such as
temperature fluctuations and resource limitation, can addition-
ally influence disease outcomes (Vicente-Santos et al., 2023). Such
multifactorial dynamics have become increasingly relevant in the
Anthropocene, where anthropogenic stressors, including habitat
alteration, global warming, and pollution, are reshaping aquatic
ecosystems andmodulating host–parasite relationships, which can
result in elevated host morbidity or mortality (Marcogliese and
Pietrock, 2011; Schols et al., 2021). Trematodes exemplify this com-
plexity: as parasites with intricate, multi-host life cycles, they are
highly sensitive to environmental change, with their transmission
dynamics often responding non-linearly to temperature shifts and
pollution (Sures et al., 2023).

Artificial water bodies, such as man-made dams, are partic-
ularly prone to environmental and anthropogenic modifications,
including altered physicochemical conditions and the introduction
of invasive species. These can consequently intensify trematode
transmission and disease risk (Morley, 2007; Telfer and Bown,
2012; Carolus et al., 2019). For instance, the creation of the arti-
ficial Lake Kariba in Zimbabwe facilitated both the spillback and
potential spillover of trematode infections in large herbivores such
as the hippopotamus through a cascade of biological invasions
(Carolus et al., 2019; Schols et al., 2021). Although comparable
empirical data for terrestrial megafauna remain limited, anthro-
pogenic modifications to the environment are increasingly linked
to enhanced parasite transmission and disease burden in wildlife
(Brearley et al., 2013), with examples from elephants and primates
(Vítovec et al., 1984; Gillespie and Chapman, 2008). Therefore,
understanding environmental drivers of disease burden and trans-
mission dynamics is critical for predicting disease outcomes and
developing effective conservation and management strategies in a
rapidly changing world.

Fasciolosis, also known as liver rot, is a trematode-induced dis-
ease that is particularly sensitive to environmental modifications
and changes in freshwater habitats (Alba et al., 2021). It is caused by
Fasciola species, of which 3 are linked to animal disease in Africa:
Fasciola hepatica (Linnaeus, 1758), Fasciola gigantica (Cobbold,
1856), and Fasciola nyanzae (Leiper, 1910) (McCully et al., 1967;
Malatji et al., 2020).They infect the liver of livestock andwild rumi-
nants, causing anaemia, weight loss, lesions and fibrosis in the liver,
haemorrhage and ultimately death (Behm and Sangster, 1999).
Most studies focus on livestock due to the severe economic bur-
den (Mehmood et al., 2017), whereas infections in wildlife remain
severely neglected (Malatji et al., 2020; Namirembe et al., 2024). In
Southern Africa, transmission occurs via freshwater snails belong-
ing to Lymnaeidae, mostly by Radix natalensis (Krauss, 1848),
Galba spp. (Schrank, 1803) (Mahulu et al., 2019) and the invasive
snail Pseudosuccinea columella (Say, 1817). Upon release from the
freshwater snail host, cercariae encyst on aquatic vegetation, after
which they are ingested by the final host (Malatji et al., 2020;Nukeri
et al., 2022).

Amphistomes, or stomach flukes, represent another impor-
tant group of trematodes infecting ruminants. Members of
Paramphistomoidea (Fischoeder, 1901) cause paramphistomosis
or amphistomiasis when infecting the rumen and reticulum of
ruminants. The adults generally are of low pathogenicity, but
immature stages cause severe clinical disease when they migrate
from the small intestine to the rumen, leading to weight loss,
anaemia, decreased milk production, and even death (Elelu and
Eisler, 2018; Pfukenyi and Mukaratirwa, 2018). Similar to fasci-
olosis, the burden of amphistomiasis on wildlife remains severely
understudied, despite the disease’s wide geographic distribution

and potentially great impact on animal health (Sibula et al.,
2024b). The most widespread species, possibly a species com-
plex (Laidemitt et al., 2019), causing amphistomiasis in Africa is
Calicophoron microbothrium (Fischoeder, 1901), whose reported
host snails are mostly Bulinus species (Pfukenyi and Mukaratirwa,
2018; Sibula et al., 2024b), although recently a natural infection in
the non-nativeMelanoides tuberculata (O. F.Müller, 1774) has been
reported (Sibula et al., 2024a). Similar to liver flukes, amphistomes
encyst on vegetation to reach their final host through ingestion
(Ghatani and Tandon, 2024).

Both liver and stomach flukes infect African buffalo (Syncerus
caffer Sparrman, 1779) (Bengis et al., 2023; Sibula et al., 2024b).
This species is the largest African bovid and occurs in diverse
ecosystems across the continent, from rainforests to savannas. It is
water-dependent and lives in complex social herds (Taylor et al.,
2023). As a result of habitat loss, poaching, increasing droughts
and diseases, the species’ conservation status has been updated
from ‘least concern’ to ‘nearly threatened’ (IUCN SSC Antelope
Specialist Group 2019), despite regional disparities (Cornelis et al.,
2023). Besides conservation, the African buffalo is also a species
of interest from a One Health perspective. Buffaloes and cattle
both belong to the tribe Bovini and therefore have many com-
mon pathogens that cause severe disease in cattle, such as bovine
tuberculosis, brucellosis and several trematodiases (Le Roex et al.,
2016; Pfukenyi and Mukaratirwa, 2018; Bengis et al., 2023). The
latter can cause mortality in S. caffer either directly or indirectly
through interactions with other pathogens (Ezenwa and Jolles,
2015; Woodburn et al., 2021).

In the early cold season (June–July 2023), 26 wild ruminants
died at the Imire Rhino & Wildlife Conservancy in Zimbabwe, a
sharp contrast to the limited animal losses in 2022. Especially the
loss of 4 young African buffaloes caused concern to the manage-
ment team. Earlier post-mortem examinations of 2 greater Kudus
(Tragelaphus strepsiceros Pallas, 1766) by veterinarians listed snail-
borne parasites as one of the potential causes of these unexplained
deaths. Therefore, a snail survey combined with a post-mortem
examination of a culled buffalo was conducted to identify and
monitor trematode infections that potentially contributed to the
observed increase in buffalo mortality.

Materials and methods

Study area

A snail and trematode survey was conducted in Imire Rhino and
Wildlife Conservancy (referred to as Imire) during the cold dry
season (winter) in August 2023. Imire is located in the northern
part ofHwedzaDistrict, Zimbabwe, borderingMaronderaDistrict.
The region experiences a temperate highland tropical climate, char-
acterised by distinct dry and rainy seasons, with a mean annual
precipitation of approximately 675mmand an annual average tem-
perature of 21.5 °C. Imire consists of 3 fenced conservation areas
and an adjacent zone dedicated to irrigated tobacco farming, a
land-use practice that is widespread in this region of Zimbabwe. To
secure water supplies for irrigation and wildlife, particularly under
increasing climatic variability, several rivers and creeks within
Imire have been dammed, resulting in multiple artificial water
bodies. One artificial reservoir (Site W) was only created in 2018
and is permanently topped up with borehole water. Sampling was
conducted in the Lodge section, the northernmost conservation
section,which directly borders the agricultural area (Figure 1).This
section encompasses the full range of the resident buffalo herd,
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Figure 1. Study area and sampling locations at Imire Rhino and Wildlife
Conservancy, Hwedza District, Zimbabwe. (A) Location of the study area within
Zimbabwe, Southern Africa. (B) Position of Imire within Hwedza District. (C) Spatial
partitioning of Imire into 4 management sections from south to north: Chiwawe,
Middle section, Farm section and Lodge section. (D) Detailed map of the Lodge sec-
tion showing freshwater bodies sampled for snail intermediate hosts, indicated as
black dots with their respective site letter codes.

as well as other large mammals, including elephant, wildebeest,
antelope and baboons. Accordingly, all water bodies within this
section (1 natural creek and 3 man-made dams) were surveyed for
freshwater snails.

Trematode recovery from buffalo and snail hosts

A post-mortem examination was conducted on 18 August 2023
at 10:30 on a female African buffalo, estimated 8–10 years old,
approximately 1 h after being culled in close proximity to Site
G (Mermaid’s dam). The buffalo herd was scheduled for their
annual fluke treatment the following week, typically administered
immediately before or after the winter or rainy season. Treatment
consists of Flukazole C (Virbac, Triclabendazole 12% mass/vol-
ume and Oxfendazole 4.53% mass/volume) drenched cubes for
oral intake. The herd had been treated with an undetermined
insecticide against ticks. Conservation managers reported that the
culled buffalo had exhibitedmarkedly poor health during the week
preceding culling, including difficulty remaining upright. On the
day of culling, the animal was unable to stand and was found
recumbent near the water’s edge at Site G. It allowed close human
approach and was euthanized with a shot to the temple. During

the necropsy, general health indicators, including body mass, coat
condition, body fat reserves, organ condition and the presence of
cysts or lesions, were assessed. The liver, stomach compartments
and mesenteric veins were inspected for the presence of trematode
parasites. The liver was screened for liver flukes by opening and
inspecting the bile ducts and by sectioning the liver tissue using a
scalpel. All stomach compartments were opened, and the mucosal
surfaces were visually inspected for the presence of stomach flukes.
Finally, the mesenteric veins were screened for blood flukes by
transillumination, i.e. holding a bright light behind the tissue to
detect (moving) adult schistosomes. During collection in the field,
live stomach flukes were first relaxed in 50 mL tubes containing
warm saline solution (approximately 70 °C; 9 g NaCl per litre of
borehole water) and fixed in 70% ethanol for morphological and
subsequent molecular identification.

Freshwater snails were collected in a standardized way by 2
persons sampling for 30 min per site using scooping nets with a
mesh size of 1 mm. Snails were transported alive to the field lab
in ambient water, where they were identified to species or genus
level using keys by Mandahl-Barth (1962), Brown (1994), and
Appleton and Miranda (2015). Identification was additionally sup-
ported by previous morphological and molecular studies of snails
at the same study sites (Mudavanhu et al., 2024a, 2024b). Snails
were grouped per morphotype and stored in the dark overnight in
multiwell plates filled with borehole water. Before sunrise, all wells
were inspected using a stereomicroscope for the emergence of cer-
cariae, which are the larval trematode stages, from the snails. At
sunrise, shedding experiments started, whereby the release of cer-
cariae was stimulated by exposing the snails to indirect sunlight
at the windowsill combined with artificial lighting. All wells were
checked for the emergence of cercariae using a stereomicroscope
at 3 time points: at sunrise (06:30), before noon (08:00–10:00)
and at the end of the shedding experiment in the late afternoon
(15:00–17:00). As a consequence of these time frames, however, C.
aff.microbothrium cercariae had already encysted on the surface of
the plastic multiwell plates after shedding. Amphistome cercariae
encyst on vegetation following release from their snail intermediate
host in natural settings, and have been shown to encyst on vari-
ous other biotic and abiotic surfaces, including plastic multiwell
plates (LeSage and Fried, 2011).Therefore, subsequent analysis and
reporting were based on the metacercarial form. Snails, cercariae
and metacercariae were subsequently stored in 80% ethanol and
transported to Belgium for molecular analysis.

Imaging

Imaging was performed for digital archiving and to document
and assess diagnostic morphological traits of snails and trema-
tode parasites. Adult parasites and snails were photographed using
the focus-stacking technique described in Brecko et al. (2014) and
Schols et al. (2021).Histological sections of the stomachflukeswere
digitized with a Leica DMLB using Objective Imaging through the
Surveyor software (version 8.0.0.2) at 5× magnification and saved
as bitmapfileswith×2 scaling to reduce file size. Key diagnostic fea-
tures, including the genital pore, pharynx, and acetabulum, were
imaged at 10× magnification. Multiple images of each specimen
were captured at successive focal depths and subsequently merged
into a single high-depth-of-field image using Zerene Stacker and
the Pmax option (version 1.04 Build T2022-04-21-0715). Cercariae
and metacercariae were washed in water, isolated on microscopic
slides, and photographed using a BMS camera (model number:
XFCAM1080PHD) and associated BMS Pix3 software (version
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4.12.24621.20240204). Subsequently, cercarial types weremorpho-
logically classified according to Frandsen and Christensen (1984).
Final image processing was performed in Adobe Photoshop (ver-
sion 26.9.0) to remove background artefacts, add scale bars and
assemble multiple orientations of individual specimens into a
single figure. Morphometric measurements were obtained from
images of 80% ethanol-fixed cercariae and metacercariae using
ImageJ version 1.54f.

Morphological analysis of stomach flukes

Stomach flukes were morphologically identified based on median
sagittal sections and scanning electron microscopy (SEM) fol-
lowing keys by Sey (1991) and Eduardo (1983). Median sagittal
sections were made to examine the internal morphological traits
of the collected stomach flukes. First, samples were submerged in
100% ethanol for 2 times 1 h. Next, they were incubated in 1:1
ethanol/butanol (1 h), 100% butanol (1 h), 100% butanol/paraf-
fin (overnight) and 100% paraffin (4 h). After being embedded in
paraffin, sections of 10 µm were cut with a Leica SM 2000R slid-
ingmicrotome and collected on glass slides.Then the sections were
dried on awarmplate and deparaffinized gradually to dH2Obyfirst
washing them 3 times with xylene and subsequently in a descend-
ing series of ethanol: 100% absolute ethanol (2 times), followed
by 96%, 90%, 75% and 50% ethanol each for 15 min. Finally, the
sections were submerged in dH2O for 10 min. The deparaffinized
sections were then submerged in haematoxylin Ehrlich for 20 min
and rinsed with tap water for 15 min. Next, they were stained
with erythrosin 0.1% in dH2O for 10 min. The sections were dehy-
drated in an ascending series of ethanol: 50%, 75%, 80% and 90%
(a few seconds each), followed by 96% (10 min) and 100% absolute
ethanol (2 times 15 min). Lastly, the sections were submerged in
xylene for 2 times 20 min and mounted in Depex.

Two amphistome specimens were examined using SEM follow-
ing Schols et al. (2025) to visualize the tegumental papillae and the
genital pore region.The specimens were first dehydrated overnight
in 100% ethanol, then submerged in 100% ether in a watch glass
and incubated on a heating block (low heat) until dry.The resulting
specimens were mounted on aluminium stubs using copper tape,
coated with gold and examined using a JEOL JSM-6480LV SEM.
The contrast of the resulting images was subsequently optimized
in Adobe Photoshop.

Molecular analysis

Adult parasite DNA extraction
All 18 preserved liver flukes and a subset of 15 out of 35 stomach
flukes (due to the more invasive tissue sampling in these smaller
specimens) were selected for DNA extraction. A sterile scalpel was
used to excise one-quarter to one-half of the acetabulum for 5
stomach flukes. However, since the acetabulum serves as a diag-
nostic morphological feature, a section from the dorsal tegument
was taken from the remaining 10 stomach flukes. A tissue sec-
tion of approximately 5 mm2 was isolated from the lateral margin
of liver flukes. Tissue samples were homogenized using a sterile
scalpel and air-dried on sterile absorbent paper. The work surface,
gloves and equipment were sterilized between specimens using
DNA AWAYTM (Thermo FisherTM). Subsequently, genomic DNA
extraction proceeded according to the manufacturer’s guidelines
using the proteinase K-based E.Z.N.A. Tissue DNA Kit (OMEGA
Bio-tek). DNA was eluted in 2 elution steps using 75 µL of elu-
tion buffer. The eluate was subsequently diluted by adding 10 µL of

the extract to 90 µL of sterile Milli-Q water (Rockland). From the
remaining extract, 100 µL was dried on GenTegraTM DNA-Tubes
for curation in the Royal Museum for Central Africa (RMCA)
Biobank, while the remaining 40 µL was stored at −20 °C.

Snail DNA extraction
The snail tissue was carefully separated from the shell using thin
tweezers and placed on absorbent paper to remove excess ethanol.
The entire soft body was used for DNA extraction, while the
shells were retained for curation in the RMCA collection. To pre-
vent cross-contamination, all instruments were sterilized between
specimens using ethanol and a flame. All collected snails were
extracted, except for Physella acuta, for which a maximum of 50
individuals per sitewere extracted, as this invasive snail occurred in
high numbers and is usually not infected with the targeted trema-
todes, while still allowing a sufficient sampling effort to detect
trematode infections. DNA extraction was performed using the
E.Z.N.A.Mollusk DNAKit (OMEGABio-tek), following theman-
ufacturer’s protocol and using 2 elution steps, each with 75 μL
elution buffer. Of the 150 μL eluate, 10 μL was added to 100 μL
water to obtain a 1:10 dilution for downstream analysis. From the
remaining extract, 100 µL was dried onto GenTegraTM DNA-Tubes
for curation in the RMCA Biobank, and the remaining 40 µL was
stored at −20 °C.

Cercariae DNA extraction
Four cercariae per shedding snail were transferred from their
respective tube into a watch glass and washed in distilled water.
Individual cercariae were then pipetted into wells of a PCR plate,
each containing 5 µL of Ultrapure sterile water (Rockland). Next, a
lysis bufferwas prepared as inZietara et al. (2000), and 10 µLof lysis
buffer containing 1 µL of proteinase K was added to each well. The
plate was gently swirled, briefly centrifuged and incubated at 65 °C
for 25 min, followed by 96 °C for 10 min. Wells were then visually
inspected to confirm complete lysis of the cercariae. For metacer-
cariae, however, the above-mentioned protocol proved ineffective.
Therefore, a freeze-thaw cycle was used to weaken the metacercar-
ial cyst wall, followed byDNA extraction using the E.Z.N.A. Tissue
Kit. The samples were frozen at −70 °C for 5 min and subsequently
incubated at 90 °C for 5 min at 1500 rpm. This cycle was repeated
5 times consecutively. Following thermal treatment, the weakened
cyst walls were mechanically disrupted by gently compressing the
cyst between a glass slide and a cover slip prior to DNA extraction.
For each shedding snail, DNA concentration was quantified using
a Qubit™ fluorometer for 2 of the 4 extracted cercariae. All DNA
extracts were stored undiluted at −20 °C.

Rapid diagnostic PCR (RD-PCR)
All snail DNA extracts were first screened using a rapid diag-
nostic PCR (RD-PCR) protocol as described in Carolus et al.
(2019). This multiplex assay enables the simultaneous detection of
any trematode infection and specific infections by Fasciola spp.,
using a general trematode marker (18S rDNA), an internal con-
trol marker targeting snails (18S rDNA) and a Fasciola-specific,
high-copy non-coding nuclear repeat (a 124 bp repetitive element)
that facilitates sensitive detection of Fasciola spp. (Kaplan et al.,
1995;Krämer and Schnieder, 1998). PCR reactionswere performed
in a volume of 15 μL containing 1 μL DNA, 5 μL dH2O, 1.5 μL
primer mix and 7.5 μL Qiagen Multiplex Mastermix. The final
mix primer concentrations were 0.2 μM for 18S_Digenea_F and
18S_Digenea_R, 0.1 μM for FW_SNAIL2 and REV_SNAIL2 and
0.6 μM for Kaplan_F and Kaplan_R. Each PCR plate included
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positive controls consisting of DNA from an adult F. gigantica
specimen and a mixed DNA sample containing both P. columella
and F. gigantica DNA, as well as a negative control containing
nuclease-free water. Amplification products were separated by gel
electrophoresis on a 3% agarose gel run at 120 V for 105 min.
Bands were visualized using Midori Green Direct staining and UV
illumination.

Species identification and DNA barcoding
All adult trematodes and cercariae for which DNA had been
extracted and all trematode infections detected through the RD-
PCRassaywere selected formolecular identification.Thiswas done
by sequencing segments of the mitochondrial cytochrome c oxi-
dase subunit I (COI) gene and the nuclear ribosomal DNA (rDNA)
region, including the complete internal transcribed spacer 1 and
2 (ITS1 and 2) and the 5.8S rDNA. For snail species identifica-
tion, a fragment of the mitochondrial COI gene was amplified. A
maximum of 2 snails per morphotype per site were selected for
sequencing. All primer combinations and PCR protocols followed
those described in Schols et al. (2021). Amplifications were carried
out using the Qiagen™ Taq DNA Polymerase kit in 20 µL reaction
volumes, composed of 2 µL DNA extract, 2 µL 10× PCR buffer,
0.6 µL deoxyribonucleoside triphosphate (dNTP) mix (5 mM),
1.2 µL MgCl2 (25 mM), 0.8 µL of each primer (20 µM), 12.68 µL
Milli-Q water and 0.12 µL of Taq Polymerase. Thermal cycling was
conducted on a Biometra™ TProfessional thermocycler and con-
sisted of an initial denaturation at 94 °C for 5 min, followed by 39
cycles of denaturation at 94 °C for 30 s, primer-specific annealing
and elongation steps (Schols et al., 2021), and a final elongation step
at 72 °C for 10min. For the parasites, primers used for theCOI bar-
coding region were COI1_DIG_F, COI1_DIG_R, COI2_DIG_F,
COI2_DIG_R andNASMIT_R (Hammoud et al., 2022; 0.8 μM for-
ward primer and 0.8 μM reverse primer). For amplification of the
ITS region, we used ITS2_DIG_F and ITS2_DIG_R (Hammoud
et al., 2022; 0.8 μM forward primer and 0.8 μM reverse primer),
as well as ITS4 and ITS5 (White et al., 1990; 0.8 μM forward
primer and 0.8 μM reverse primer). For snails, universal HCO
and LCO primers were used (Folmer et al., 1994). All primer
sequences and annealing temperatures are listed in Schols et al.
(2021). PCR products were visualized on a 1.5% agarose gel stained
with Midori Green Direct® and examined under UV light. Samples
that showed a clear band were purified using the ExoSAP-IT™ PCR
Product Cleanup protocol and sent to Macrogen™ Europe for bidi-
rectional Sanger sequencing using the same primers as those used
for amplification.

Phylogenetic analysis

Sequences were processed in Geneious Prime® (v.2025.1.2); chro-
matograms were visually inspected and ambiguous base calls were
resolved or coded using the International Union of Pure and
Applied Chemistry (IUPAC) ambiguity codes prior to and fol-
lowing consensus sequence generation. Sequences of the coding
marker COI were inspected for the absence of stop codons and the
correct start codon. All sequences are available on GenBank (see
DataAvailability Statement). AlignmentsweremadeusingMAFFT
v.7.526 (Katoh et al., 2002). Uncorrected pairwise distances were
calculated using MEGA11 (Tamura et al., 2021). Thresholds for
species differentiation were p-distance values >5% for COI and
>1% for ITS sequences (Vilas et al., 2005; Lawton et al., 2015).
For multiple sequences belonging to the same species, the longest
sequence was selected for species identification using the Basic

Local Alignment Search Tool (BLAST) on GenBank (Altschul
et al., 1990). Since BLAST results did not unambiguously confirm
Calicophoron species identity, published sequences of all members
of Calicophoron represented by overlapping COI or ITS2 frag-
ments were downloaded for further phylogenetic analysis along
with a representative subset of our samples. The related species
Gigantocotyle gigantocotyle (Brandes inOtto, 1896)Näsmark, 1937,
a member of the same family (Paramphistomidae), was selected
as the outgroup for phylogenetic inference because previous anal-
yses place it basally relative to Calicophoron (Schols et al., 2025).
Sequences of the resulting 16 taxa were first aligned per marker
in Aliview v.1.26 (Larsson, 2014) using MAFFT and visually
inspected.

Substitution saturation was inspected for each codon posi-
tion of the rapidly mutating COI marker by inspecting the Iss
and Iss.c values obtained through Xia’s method, which is an
information entropy-based index of substitution saturation. In
addition, the suitability of the outgroup was assessed through
Steel’s method, which is based on the parsimony method, in
DAMBE v.7.3.37, https://dambe.bio.uottawa.ca/DAMBE/dambe.
aspx (Xia, 2018). The outgroup was suitable, and no substitution
saturation was detected for codon positions 1 and 2. However,
codon position 3 did reveal nonsignificant (P = 0.43) substitu-
tion saturation (Iss = 0.6151 > Iss.c = 0.5890) for a symmetrical
tree topology and a significant (P = 0) substitution saturation
(Iss = 0.6151 > Iss.c = 0.3588) for an asymmetrical tree topology.
This was taken into consideration during the subsequent analyses
by providing a separate substitution model for codon position 3 of
the COI marker (see below).

The ITS2 and COI alignments were then curated using the least
stringent settings in the online web interface of Gblocks (https://
ngphylogeny.fr/; Lemoine et al., 2019). Next, a concatenated align-
ment of both markers (COI: 519 sites, ITS2: 270 sites) was gen-
erated using Mesquite v.3.5 (Maddison and Maddison, 2023).
Using the greedy search algorithm and the Bayesian Information
Criterion (BIC), the best partition scheme and best-fit substitution
models were estimated in PartitionFinder 2 (Guindon et al., 2010;
Lanfear et al., 2012, 2017). Partition 1 contained the first and sec-
ond COI codon positions and the ITS2 sites (688 sites) and was
analysed using the Hasegawa–Kishino–Yano substitution model
(Hasegawa et al., 1985) with an invariant site correction. Partition 2
contained the third codon position ofCOI (173 sites) andwas anal-
ysed using the transition (TIM) substitution model with a gamma
site correction (Posada, 2003).

Phylogenetic reconstructions were performed using maximum
likelihood (ML) and Bayesian inference through the CIPRES
Science Gateway v.3.3; https://www.phylo.org/por-tal2 (Miller
et al., 2010).ML analyses were conducted in GARLI v.2.10 (Zwickl,
2006). Multiple GARLI runs to determine the best tree converged
on the same likelihood (−2,816.12), indicating a stable ML solu-
tion. Next, node supports were assessed from 1,000 bootstrap
replicates obtained from 20 independent runs of 50 replicates each.
Bootstrap values were then summarized on the best ML tree,
and nodes with a nodal support value below 50% were collapsed
using SumTree v.4.6.1, run in DendroPy v.4.6.1 (Moreno et al.,
2024). Bayesian inference was performed using MrBayes v.3.2.7a
(Ronquist et al., 2012), with 2 parallel runs containing 4 chains
each for 10 million generations. Parameters were estimated inde-
pendently for each partition [unlink statefreq = (all) revmat = (all)
shape = (all) pinvar = (all) tratio = (all)]. Trees were sampled
every 100th generation and were used to reconstruct a 50% major-
ity rule consensus tree after discarding the first 25% as burn-in.The
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MrBayes log files were inspected in Tracer v.1.7.1 (Rambaut et al.,
2018) to ensure an effective sample size above 200 for all param-
eters and a caterpillar-like pattern in the trace plot. The resulting
trees were rooted using G. gigantocotyle as the outgroup in FigTree
v.1.4.4. Final adjustments were made in Inkscape v.1.3, includ-
ing repositioning misplaced support values, adding the bootstrap
support values to the Bayesian inference and italicizing species
names.

The phylogenetic signal for each separate marker was assessed
to confirm that the concatenated analysis is justified. The Gblocks-
curated COI and ITS2 alignments were analysed using the ML
method inMEGAX (Kumar et al., 2018)with the same best-fit sub-
stitution models as the concatenated analysis and with 100 boot-
strap replicates. For COI, the dataset was analysed with all codons,
only codons 1 and 2, and finally with codon 3 only. COI codon 3
did not follow the substitution model of the concatenated analy-
sis, as MEGA X does not offer TIM. The General Time-Reversible
model (GTR) (Rodríguez et al., 1990) with a gamma correction
showed only marginally different BIC and Akaike Information
Criterion (AIC) values and was therefore used to analyse this
dataset. Sequences spanning less than 75% of the alignment were
removed. For COI, all 5 sequences from our specimens were
retained in the alignment given the substantial genetic variation
between them. In contrast, the longest ITS2 sequence was chosen
to represent all our specimens, as they were 100% identical. This
resulted in 12 taxa being included for COI, spanning 519 bp, and
10 taxa being included for ITS2, spanning 315 bp.

Similarly, trematode infections detected in snails with inconclu-
sive BLAST output were integrated with Aliview (MAFFT) into the
curated partial COI dataset of Schols et al. (2020) to obtain higher-
level taxonomic information. The resulting dataset was analysed
using the ML method in MEGA X with 1,000 bootstrap replicates
and the GTR model with a gamma correction. This resulted in
sequences of 27 taxa in an alignment of 306 bp.

Results

Buffalo post-mortem and infecting trematodes

The animal was severely emaciated, with an estimated body mass
of 250–300 kg compared to a typical healthy weight of 450–680 kg
(Grobler, 1996), prominently protruding hip bones and an almost
complete absence of subcutaneous/body fat. The coat was almost
completely absent. No ticks were found on the animal. Post-
mortem examination revealed extensive accumulation of extracel-
lular fluid within the body cavity, consistent with effusion. The
lung showed clear signs of trauma, likely associated with ribcage
damage; however, it remains unclear whether this injury occurred
ante- or post-mortem, as the carcass had been moved using a vehi-
cle. Urine was clear and odourless. Multiple light-yellow-coloured
abscesses or cyst-like structures were observed on the intestinal
wall.

No blood flukes were detected in themesenteric veins, although
only a limited section of the vasculature was examined due to time
constraints. In the stomach, trematodes were present exclusively
in the rumen, where a total of 35 stomach flukes were recov-
ered, rinsed in saline solution and preserved in 70% ethanol. The
liver exhibitedmarked calcification, and dense aggregations of liver
flukes were observed within the bile ducts, in some cases appear-
ing to obstruct bile flow. Approximately 50 liver flukes were present
in and collected from the liver bile ducts. The initial batch of liver
flukes (est. n = 30) disintegrated during relaxation in the warm
saline solution; therefore, a second batch (n = 18) was preserved
directly in 70% ethanol without prior relaxation.

Trematode identification

Identification of stomach flukes
Class Trematoda Rudolphi, 1808

Order Plagiorchiida La Rue, 1957
Superfamily Paramphistomoidea Fischoeder, 1901
Family Paramphistomidae Fischoeder, 1901
Genus Calicophoron Näsmark, 1937
Calicophoron aff. microbothrium (Fischoeder, 1901)
Synonyms and literature of C. microbothrium
Paramphistomum microbothrium Fischoeder, 1901;

Näsmark (1937), pp 450–452; Eduardo (1983), pp 36–41;
Sey (1991), pp 374–377; Chingwena et al. (2002); Pfukenyi and
Mukaratirwa (2018); and Sibula et al. (2024b).

Diagnosis of C. microbothrium
Diagnosis: length: 3.1–13.0 mm, breadth: 1.4–4.3 mm.

Acetabulum subterminal, of the Paramphistomum type (sensu
Näsmark, 1937; Sey, 1991, Fig. 173, p. 86); diameter: 1.28–2.42mm;
number of muscle units, dorsal exterior circular muscle units
1, 10–17; dorsal exterior circular muscle units 2, 23–39; dor-
sal interior circular muscle units, 29–53; ventral exterior
circular muscle units, 10–19; ventral interior circular mus-
cle units, 39–64; and middle exterior circular muscle units,
9–15. Pharynx of the Calicophoron type (sensu Dinnik, 1964;
Sey, 1991, Fig. 58, p. 35); length: 0.38–1.42 mm; and breadth:
0.66–0.93 mm. Terminal genitalium of the Microbothrium type
(sensu Näsmark, 1937; Sey, 1991, Fig. 122, p. 63), located pos-
terior to the oesophageal bifurcation. Pars prostatica almost
as long as wide, 0.13–3.67 mm × 0.13–3.46 mm. Large papil-
lae around oral opening extending ventrally to mid-body;
small papillae around acetabulum. Excretory pore opening on
the dorsal surface at the posterior level of the posterior testis
and anterior to the opening of Laurer’s canal. Testes tandem,
posterior ½ of body: Ant. 0.14–1.79 mm × 0.25–2.76 mm;
and Post. 0.62–2.00 mm × 1.14–2.87 mm. Vitellaria lateral;
from pharynx to acetabulum; not confluent dorsomedially.
Caeca with dorso-ventral bends reach the acetabulum, with
blind ends facing dorsally and meeting medially. Mature cer-
cariae are heavily pigmented with 2 eyespots; metacercariae
are dome-shaped, measuring 0.14–0.26 mm in diameter (Sey,
1991).

Definitive hosts: S. caffer (Sparrman, 1779); Bos taurus
Linnaeus, 1758; Bubalus bubalis Linnaeus, 1758; Capra nubiana
Cuvier, 1825; Capra hircus Linnaeus, 1758; Damaliscus pygar-
gus (Pallas, 1767); Damaliscus korrigum (Ogilby, 1837); Gazella
gazella (Pallas, 1766); Eudorcas thomsonii (Günther, 1884);
Eudorcas rufifrons (Gray, 1846); Hippotragus equinus (É. Geoffroy
Saint-Hilaire, 1803); Kobus defassa (Rüppell, 1835); Kobus kob
(Erxleben, 1777); Redunca redunca (Pallas, 1767); Ourebia ourebi
(Zimmermann, 1783); Kobus leche Gray, 1850; Kobus vardonii
(Livingstone, 1857); Kobus ellipsiprymnus (Ogilby, 1833); Ovis
aries Linnaeus, 1758; Oryx gazella (Linnaeus, 1758); Redunca
arundinum (Boddaert, 1785); Taurotragus oryx (Pallas, 1766);
Tragelaphus angasii Angas, 1849; Capra ibex Linnaeus, 1758; and
Camelus dromedarius Linnaeus, 1758.

Infection site: rumen and reticulum.
Intermediate host: Bulinus tropicus (Krauss, 1848); Bulinus

truncatus (Audouin, 1827); Bulinus liratus (Tristram, 1863);
Bulinus forskalii (Ehrenberg, 1831); Biomphalaria pfeifferi (Krauss,
1848); Bulinus globosus (Morelet, 1866); and M. tuberculata
(Müller, 1774).

Type locality: Africa/Sudan. Other localities: Africa: Egypt,
Kenya, DRC, Chad, Ethiopia, Angola, Zambia, South Africa,
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Tanzania, Cameroon, Central Africa, Zimbabwe, Uganda, Senegal,
Botswana, Mozambique and Lesotho; Europe: Italy, Portugal and
France; and Asia: Iraq, Israel and Iran.

Material examined
ZIMBABWE • 2 adult specimens, median sagittal sectioning;

Africa: Zimbabwe: Imire Rhino and Wildlife Conservancy; 2023;
Schols & Mudavanhu leg.; host: S. caffer; host organ: rumen;
GenBank: PZ494265 and PZ494149; and RMCA accession codes:
RMCA_VERMES_44928 and RMCA_VERMES_44929.

ZIMBABWE • 10 adult specimens, mounted; Africa:
Zimbabwe: Imire Rhino and Wildlife Conservancy; 2023;
Schols & Mudavanhu leg.; host: S. caffer; host organ: rumen;
GenBank: PZ494266–PZ494274, PZ494095–PZ494099
and PZ494152–PZ494154; and RMCA accession codes:
RMCA_VERMES_44932–RMCA_VERMES_44941.

ZIMBABWE • 2 adult specimens, SEM; Africa: Zimbabwe:
Imire Rhino and Wildlife Conservancy; 2023; Schols &
Mudavanhu leg.; host: S. caffer; host organ: rumen; GenBank:
PZ494275, PZ494276, PZ494100 andPZ494101; andRMCAacces-
sion codes: RMCA_VERMES_44942–RMCA_VERMES_44943.

ZIMBABWE • 1 metacercaria; Africa: Zimbabwe: Imire Rhino
and Wildlife Conservancy; 2023; Schols & Mudavanhu leg.; inter-
mediate host: P. columella; GenBank: PZ494094 and PZ494286;
and RMCA accession code: RMCA_VERMES_44931.

Morphological identification
The crossing of the excretory duct and Laurer’s canal is in

line with members of Paramphistominae (Sey, 1991; key to the
subfamily of Paramphistomidae p. 308). The conical body with a
medium-sized acetabulum, absent genital sucker, developed pars
musculosa and a pharynx of the Calicophoron type (sensu Dinnik,
1964; i.e. anterior, posterior and lip sphincters absent, inner sur-
face of pharynx not covered in papillae, and exterior and middle
circular unit weakly developed) confirm that our specimens belong
to Calicophoron (Sey, 1991; key to the Paramphistominae p. 342).
The vertical position of the testes, absence of a true ventral atrium,
a terminal genitalium of the Clavula/Microbothrium type (sensu
Näsmark, 1937; Figure 2), located posterior to oesophageal bifur-
cation, absent esophageal bulb, tegumental papillae large around
the oral opening and extending ventrally to mid-body, and the
blind cecal ends directed dorsally and meeting medially are all
in line with the identification of our specimens as C. microboth-
rium as examined by SEM, whole mounts and median sagittal
sectioning (Figure 2, Supplementary Figure 1; Sey (1991); key to
the species of Calicophoron p. 387). Furthermore, the diameter of
the metacercarial cyst (0.25 mm) falls within the size range for C.
microbothrium reported by Sey (1991), and is heavily pigmented
with eyespots visible (Figure 4A).

Notably, nearly all morphological traits overlap to some
extent between C. microbothrium and the closely related species
Calicophoron clavula (Näsmark, 1937), with the sole exception that
the caeca meet medially in C. microbothrium. Several characters
traditionally used to differentiate these species appear ambigu-
ous. The differentiation of the genital atria of the Clavula and
Microbothrium types is considered to be unclear, as the genital
sphincter is described as ‘enormously developed’ for the Clavula
type in Sey (1991), Fig. 104, p. 57, while drawings do not appear
to represent a significantly different size. Furthermore, Eduardo
(1983) and Sey (1991) do not describe tegumental papillae on the
ventral side of the body for C. clavula (Näsmark, 1937), while
Soliman et al. (2019) do (with matching ITS sequences to C.
microbothrium from Laidemitt et al. (2016), identical to ours; see
below under Genetic results).

However, the dorsal exterior circularmuscle unit counts (n= 10
in RMCA_VERMES_44929 and 18 in RMCA_VERMES_44928)
fall outside the known range of C. microbothrium (23–39),
the mostly obliquely tandem position of the testes, the ridges
around the terminal genitalium as examined by SEM (Figure
2C) and the level of the excretory pore posterior to the poste-
rior testes in specimen RMCA_VERMES_44928 do not match
the known description of C. microbothrium (although this could
be due to the noticeably small testes size in this specimen).
These differences, yet for the rest, the closest resemblance to
C. microbothrium, warrant the tentative identification as C. aff.
microbothrium.

Genetic insights on C. aff.microbothrium
The partial COI region was successfully amplified for 5 C. aff.

microbothrium specimens with both primers (GenBank: PZ494149
and PZ494151–54), and for the remaining 10 specimens with
a single primer (NASMIT_R, GenBank: PZ494094–PZ494103).
Overall, the quality of the sequences generated by the for-
ward primer COI_DIG_F was poor. However, the quality of all
non-consensus sequences except one was sufficiently high to be
included in the analysis. The resulting sequence lengths var-
ied between 695 and 850 bp, with 0–39 differences between
each of the specimens, corresponding to pairwise distances of
0.0–5.2%. The ITS1-5.8S-ITS2 region of 14 out of 15 specimens
was successfully sequenced using the ITS4 primer (GenBank:
PZ494265–PZ494278). The strands generated by the ITS5 primer
were of poorer quality and were excluded from the analy-
sis. The resulting 14 sequences were 100% identical across the
overlapping 891 bp.

For COI sequences, all specimens showed the most similar
BLAST hits with 2 Calicophoron sp. from Zimbabwe (GenBank:
PP556552 and MT994280, query coverage 88–90%, host: B. trun-
catus and B. taurus) with identity scores ranging from 94.8%
(RMCA_VERMES_44942 and GenBank: MT994280) to 99.2%
(RMCA_VERMES_44945 and GenBank: MT994280). All other
GenBank records showed a low overlap (query coverage <50%)
or low similarity (identity scores < 90.6%), with the closest match
being C. clavula (GenBank: KX670139, query coverage 68–72%,
country: Kenya) with identity scores ranging from 90.2% to 90.5%.

For the ITS1-5.8S-ITS2 region, the most similar BLAST
hits were with Paramphistomum sp., Nilocotyle praesphinctris,
Calicophoron raja and Paramphistomum leydeni (resp., GenBank:
OQ459353, LC660653, LC633276 and PP754894; query cover-
age 49–52%; all members of Paramphistomidae; hosts: Canis
lupus familiaris, Hippopotamus amphibius, Connochaetes gnou and
B. taurus) with identity scores of 99.3%. Notably, only C. raja,
Calicophoron microbothrioides and Calicophoron daubneyi were
included as members of Calicophoron in the 100 best BLAST
results. Pairwise alignment with C. clavula and C. microbothrium
(resp., GenBank: MK416145 and KP639632) revealed 1–4 and
4 mismatches, respectively. However, 1 mismatch in C. clavula
and 4 in C. microbothrium occur at the first nucleotide posi-
tions of the GenBank sequences and also mismatch with all
other paramphistomid sequences available on GenBank, sug-
gesting they could be erroneous. Excluding these nucleotides
reveals a 100% similarity between C. microbothrium and all our
specimens, and 0–3 mismatches between our specimens and
C. clavula.

Phylogenetic inference using the ML method did not
reveal drastically different tree topologies between the sep-
arate marker datasets, justifying the concatenated analysis
(Supplementary Figures 2–5). Furthermore, most nodes were
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Figure 2. Imaging (A), SEM (B–D) and median sagittal sectioning (E) to visualize different diagnostic traits of C. aff. microbothrium. (A) Overview of the whole worm, fixed in
70% ethanol. The anterior oral opening is indicated by the left arrow, the terminal genitalium by the middle arrow and the acetabulum by the right arrow. (B) The location and
extent of the tegumental papillae (left arrow) in RMCA_VERMES_44942: large around the oral opening (right arrow) and extending ventrally to mid-body. (C) The fine ridges
visible near the terminal genitalium of RMCA_VERMES_44942, indicated by an arrow. (D) The frontal view of the terminal genitalium of RMCA_VERMES_44943. (E) Overview of
the general morphology of RMCA_VERMES_44929, with the terminal genitalium of RMCA_VERMES_44928 presented as an inset and both terminal genitalia indicated by the
left arrows. The right arrow indicates the acetabulum.

https://doi.org/10.1017/S0031182026102728
Downloaded from https://www.cambridge.org/core. IP address: 141.134.104.242, on 28 Sep 2026 at 08:37:03, subject to the Cambridge Core terms of use, available at https://www.cambridge.org/core/terms.



Parasitology 9

Figure 3. Bayesian phylogenetic inference based on the concatenated COI (519 bp)
and ITS2 (341 bp) sequences of Calicophoron (860 bp). Gigantocotyle gigantocotyle
from Paramphistomidae was used as an outgroup to root the tree. Nodal support is
indicated as posterior probabilities and bootstrap percentages, respectively, before
and after the ‘/’ separator. Nodes with nodal support values below 50 were collapsed.
The scale bar indicates 0.03 substitutions per site.

characterized by low nodal support values. This remained in
the concatenated analysis (Figure 3), whereby most internal
relationships within Calicophoron remained weakly supported
and collapsed in the majority-rule consensus tree (posterior
probability < 50%). Nevertheless, the sequences from C. aff.
microbothrium generated in this study formed a clade separate
from available sequences on GenBank.

Identification of liver flukes
The liver flukes were morphologically identified as F. gigantica
(Figure 4E). COI sequencing was successful for 17 out of 18 liver
fluke samples (GenBank: PZ494155–PZ494170 and PZ494104),
with pairwise distances between the obtained sequences rang-
ing between 0% and 3% for COI (>683 bp), while ITS1-
5.8S-ITS2 sequencing was successful for all samples (GenBank:
PZ494287–PZ494304), and the resulting sequences were 100%
identical (911 bp), confirming that all liver fluke samples belong to
the same species (Ai et al., 2011). The selected representative COI
sequence was 100% identical to 2 F. gigantica sequences from cattle
in Zimbabwe (GenBank: MT994269 and MK330627). The repre-
sentative ITS1-5.8S-ITS2 sequence was 100% identical to several
F. gigantica sequences from across Africa, including Chad, Kenya
and Côte d’Ivoire. BLAST results for both COI and ITS1-5.8S-
ITS2 support the identification as F. gigantica and do not indicate
hybridization.

Snail identification

A total of 728 snails were collected and morphologically iden-
tified as the following species: R. natalensis, P. acuta, P. col-
umella and a Lentorbis-like planorbid (Figure 4). COI sequenc-
ing was successful for all snails, and morphological identifica-
tion of P. acuta, R. natalensis and P. columella was well sup-
ported by the BLAST results, with BLAST identities >99% and
query coverage >98%. One planorbid remains with an uncer-
tain identification. Morphologically, the Lentorbis-like planorbid
closely resembles the description of Lentorbis junodi (Connolly,
1922): shell height <2 mm, lentiform shell, the absence of inter-
nal septa and glossy reddish-brown shell colour (DBL-WHO,
1977, 1986; Brown and Kristensen, 1989). Genetically, all 10
specimens have 100% identical COI sequences across 562 bp
(GenBank: PZ494122–PZ494131). The closest BLAST match was
with Planorbidae sp. (GenBank: LC491289, country: Kenya) with
96.9% identity and 100% query coverage. The second-closest
BLAST match was with Polypylis sp. (GenBank: LC429542, coun-
try: Japan, Planorbidae) with 96% identity and 100% query cov-
erage. It should be noted that no COI sequences belonging
to representatives of Lentorbis and the morphologically simi-
lar Segmentorbis are currently available on GenBank. However,
we received access to unpublished sequences of a Segmentorbis
sp. (pers. comm. Christian Albrecht) and a tentatively identi-
fied Lentorbis sp. (pers. comm. Fiona Allan), allowing direct
comparison of COI sequences across 554 bp. Pairwise distances
with Segmentorbis sp. were 3.3–4.1% (29683–29684, Christian
Albrecht, country: Uganda), and 15.4% with the tentatively iden-
tified Lentorbis sp. (CQJ265_17772656 and CQJ268_17772687,
Fiona Allan, country: Angola).

Trematode diversity in snails and linking life cycles

Six out of the 728 (0.8%) collected snails shed cercariae, while
RD-PCR revealed that 76 out of 338 (22.5%) contained trema-
tode DNA. Table 1 shows snail abundance and infection preva-
lence per snail species per site. Out of the 76 detected infections
through RD-PCR, only 9 yielded good-quality sequences for the
COI marker, of which 6 also yielded good-quality ITS1-5.8S-
ITS2 sequences. None of the collected snails was found infected
with F. gigantica. In contrast, 1 P. columella was infected with C.
aff. microbothrium. This was confirmed by the COI sequence of
the metacercaria obtained from this snail (GenBank: PZ494094),
which was between 94.9% and 98.9% identical to the sequences
of the adult stomach flukes. These distances are in line with the
1.6–5.2% pairwise distance seen in the 5 adult C. aff. microboth-
rium. The ITS1-5.8S-ITS2 sequence (GenBank: PZ494286) was
100% identical to the sequences of the adults infecting the buffalo.
Furthermore, the top COI BLAST hit was the same Calicophoron
sp. sequence as the adults (99.1% identical, GenBank: MT994280,
larval specimen from Zimbabwe), and the top BLAST hits for
ITS2 were Calicophoron sp. sequences from Uganda (100% iden-
tical, 98% query coverage, GenBank: OQ548160– OQ548168) and
C. microbothrium from Egypt and Southern Africa (100% identi-
cal, 77–80% query coverage, GenBank: OK216192 and KP639635,
adults).

One R. natalensis individual was shedding xiphidiocercariae
that were genetically similar to a prepatent infection in a second R.
natalensis individual (COI: 99.4% identical, GenBank: PZ494148
and PZ494115; ITS1-5.8S-ITS2: 100% identical, GenBank:
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Table 1. Overview of the number of snails per species per site. Columns show the total number of snails that were sampled and how many of those were tested, the number of snails shedding cercariae, and the
number of snails that were infected as detected by RD-PCR

P. acuta P. columella R. natalensis Lentorbis-like planorbid

Site Sampled (tested) Shedding Infected Sampled(tested) Shedding Infected Sampled(tested) Shedding Infected Sampled(tested) Shedding Infected

G 59 (50) 0 9 13 (13) 0 11d 0 0 0 0 0 0

39 (39)* 2*,a 4*

H 10 (10) 0 0 7 (7) 0 2 1 (1) 0 0 0 0 0

W 431 (50) 0 2 0 0 0 149 (149) 2b,c 42b,c,e 0 0 0

Q 4 (4) 0 1 0 0 0 5 (5) 0 2 10 (10) 2f 3
aC. aff. microbothrium (1 patent infection genetically confirmed, 1 patent infection not genetically confirmed).
bP. maculosus (1 patent and 1 prepatent infection genetically confirmed).
cPlagiorchis sp. (1 patent and 2 prepatent infections genetically confirmed).
dEchinostoma sp. (1 prepatent infection genetically confirmed).
eEchinostoma sp. (2 prepatent infections genetically confirmed).
fA member of Plagiorchiida (2 patent infections genetically confirmed).
*Were sampled outside of the standardized sampling time frame.
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Figure 4. Overview image showing the different freshwater snail species linked to the larval trematode stages, final hosts and adult trematode stages found within the Buffalo-
containing section of Imire. (A) P. columella was found shedding C. aff. microbothrium, of which adults were collected from the buffalo. The picture shows a metacercaria
that encysted after shedding. (B) R. natalensis was found shedding P. maculosus (top) and Plagiorchis sp. (bottom) cercariae. (C) A Lentorbis-like planorbid was found to shed
cercariae of a member of the order Plagiorchiida. (D) P. acuta did not release any cercariae. (E) F. gigantica was only found in the adult stage within the buffalo and could not
be linked to active infections in any of the collected snails. (F) Scale bar. Molecular screening additionally revealed that both P. columella and R. natalensis were also infected
with an Echinostoma sp. (non-shedding infections).

PZ494284, PZ494279 and PZ494280). Both infections were identi-
fied with caution as Plagiorchis maculosus based on BLAST results
(COI: >99.2% identical and 100% query coverage, GenBank:
NC_042482, adult; and ITS1-5.8S-ITS2: >99.6% identical and
100% query coverage, GenBank: PV650291, life stage unknown).
Another R. natalensis individual was also shedding xiphidio-
cercariae that were genetically identical to infections in 2 other
non-shedding individuals for both the COI and ITS1-5.8S-ITS2
sequences (GenBank: PZ494150, PZ494116, PZ494117, PZ494281
and PZ494285). This trematode was identified as Plagiorchis
sp. given that the longest cercarial ITS sequence (1097 bp) was
100% identical to an adult Plagiorchis sp. sequence from mice
in Senegal (Catalano et al., 2019), and the second-best hits all
belonged to Plagiorchis sp. as well. The BLAST results for COI
also pointed towards Plagiorchis, with top hits all being Plagiorchis
sp. and between 87.3% and 97.9% identical to our sequence.
Cercariae of both Plagiorchis spp. were xiphidiocercariae and
shared the following characteristics: a clear stylet and a simple

tail without finfolds, shorter than the body (Figure 4B). A third
trematode infecting 2 R. natalensis and 1 P. columella snail was
only revealed through RD-PCR, as the 3 infected snails did not
shed any cercariae (GenBank: PZ494118, PZ494092, PZ494093
and PZ494282). The resulting COI sequences revealed that the
trematodes causing these 3 infections belong to the same species
(176 bp, COI: 99.4–100%, ITS1-5.8S-ITS2 sequencing was only
successful for 1 out of 3 infections). The longest COI fragment
(413 bp from P. columella) showed the closest affinity to the
Echinostoma revolutum complex (91–98.6% identical, adults), and
the ITS1-5.8S-ITS2 sequence from the same P. columella snail
showed close affinity to E. revolutum as well (97.6–99.1% identical,
adults). However, this is a species complex comprising more
than 57 species, and only E. caproni and E. deserticum have been
reported from the African continent (Chai et al., 2020). Therefore,
this trematode is identified as Echinostoma sp.

The cercariae and infections isolated from the Lentorbis-like
planorbid were successfully sequenced and are curated in the
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RMCA collection (GenBank: PZ494147 and PZ494283; RMCA
codes: 3 cercariae as RMCA_VERMES_44925 parasites of BE_
RMCA_MOL.Gas.923936 and 1 cercaria as RMCA_VERMES_
44926 parasites of BE_RMCA_MOL.Gas.923939). All sequenced
cercariae and infections were 100% identical across specimens
and markers (COI and ITS1-5.8S-ITS2). However, the sequences
yielded no significant BLAST matches, with the closest match
for COI being Paragonimus mexicanus (82.1% identical). The
ITS1-5.8S-ITS2 sequences were 98.7% identical to Lepocreadium
trulla (GenBank: KU527433, host: marine ray-finned fish Lutjanus
campechanus, country: USA, order: Plagiorchiida), although query
coverage was only 41%. The closest match with 100% coverage was
Ribeiroia sp. (88.9% identical, GenBank: OQ549868, host: fresh-
water snail B. tropicus, country: Uganda, order: Plagiorchiida).
Phylogenetic inference further supports the classification of this
parasite as a member of the order Plagiorchiida (Supplementary
Figure 6). The cercariae were xiphidiocercariae (Figure 4C) with
a clear stylet, a tail without finfolds and the ventral sucker smaller
than the oral sucker (28.8 and 45.7 µm, respectively).The total body
length was 287 µm, almost equal to the tail length (290 µm).

Discussion

This work integrates wildlife parasitology, molecular approaches
and classical snail surveys to elucidate trematode epidemiology
across life stages within amanagedwildlife conservancy.Moreover,
the co-occurrence of multiple trematode taxa within shared snail
and vertebrate hosts is increasingly recognized as a key modulator
of infection intensity, transmission success and disease outcome
(Sousa, 2015; Laidemitt et al., 2019). Therefore, a comprehensive
understanding of the entire snail and trematode community within
a system is imperative for identifying the drivers behind infection
outcome.

Two trematode species were found infecting the weakened
buffalo: F. gigantica and C. aff. microbothrium. The integrative
taxonomic approach in this study resulted in the designation of
the stomach flukes as C. aff. microbothrium, but also highlighted
inconsistencies in certain diagnostic morphological traits within
Calicophoron, such as the genital atria and tegumental papillae.
As expected, the applied molecular markers showed contrasting
patterns from a species identification perspective. The ITS region
displayed very limited variation both within species (all sequences
identical) and between species (pairwise distance 0.3–2.5%), sup-
porting its usefulness as a conservative marker for confirming
species identity (Laidemitt et al., 2016). In contrast, COI exhibited
substantially higher divergence between species (8.3–15%) and
notable intraspecific variation (up to 5.2%). This higher variabil-
ity is consistent with the rapid accumulation of genetic variation
reported for COI in amphistomes (Laidemitt et al., 2016) and
other animal groups (Mueller, 2006). While such variability can
complicate the establishment of clear genetic thresholds, it also
provides discriminatory power at the species and population level.
The concatenated analysis recovered C. aff.microbothrium as a sin-
gle clade, clearly separated from previously generated C. clavula
and C. microbothrium sequences. Although clustering of speci-
mens from the same locality is not unexpected, the combined
COI and ITS dataset supports their consistent assignment to a sin-
gle taxonomic entity. Given the persistent uncertainty surround-
ing species boundaries in Calicophoron and other amphistomes
(Laidemitt et al., 2016; Schols et al., 2025), the continued use of
COI and ITS in a barcoding framework remains valuable, provided
that thresholds are applied cautiously and within an integrative

taxonomic context including morphological and ecological data.
When the same dataset is considered from a phylogenetic per-
spective, however, its limitations become apparent. Most internal
relationships within Calicophoron remained weakly supported and
collapsed in the concatenated majority-rule consensus tree (pos-
terior probability < 50%), indicating a lack of phylogenetic sig-
nal for resolving deeper relationships among species. Completely
abandoning standard DNA barcoding regions is not necessarily
warranted, but expanding marker choice, including, for example,
28S rDNA, would likely improve phylogenetic resolution and con-
tribute to more robust reference databases (Blasco-Costa et al.,
2016).

Calicophoron microbothrium, possibly a species complex
(Laidemitt et al., 2019), is the most widespread amphistome
species in Africa and has been reported to infect 24 other African
wild ruminant species besides African buffalo, as well as cattle,
goats and sheep (Sey, 1991; Sibula et al., 2024b). Despite their
widespread and increasing prevalence in domestic ruminants,
the economic impact of amphistome infections remains poorly
understood and is likely underestimated in Eastern and Southern
Africa, underscoring the need for further research in the region
(Pfukenyi and Mukaratirwa, 2018). To our knowledge, we provide
the first report of a natural and patent infection of a member of
Calicophoron, C. aff. microbothrium, in the invasive exotic North
American snail P. columella and with extension to any member of
Lymnaeidae (Dinnik, 1962; Chingwena et al., 2002). So far, only
C. daubneyi (Dinnik, 1962) has been shown to experimentally
infect P. columella, although infection was only sustained in
immature snails in a laboratory environment (Dar et al., 2015).
This finding could have great implications for the transmission
of C. aff. microbothrium and consequently impact the health of
domestic and wild ruminant populations across the invasive range
of P. columella (countries and territories with confirmed records
of P. columella: Egypt, Eswatini, Kenya, La Réunion, Malawi,
Mayotte, Namibia, South Africa, Zambia and Zimbabwe; Jones
et al., 2024; Schols and Huyse, 2024). It highlights the potential
for a similar scenario to that documented for P. columella and
Fasciola spp. in Africa, where the invasive snail acts as a highly
susceptible intermediate host, driving parasite spillback and
boosting transmission to local final hosts, with implications
for both cattle and wildlife health (Grabner et al., 2014; Malatji
and Mukaratirwa, 2020; Schols et al., 2021; Outa et al., 2024).
The absence of prior Calicophoron records in P. columella likely
reflects historical detection bias, as molecular xenomonitoring for
amphistomes in freshwater snails across Africa has only recently
gained traction (Sibula et al., 2024a). Furthermore, established
paradigms prioritizing intermediate host species of Bulinus,
Biomphalaria and Galba (Laidemitt et al., 2016; Sibula et al.,
2024b), reliance on conventional visual shedding assays and the
rapid encystment of Calicophoron cercariae have likely caused this
association to be systematically overlooked.

In Imire, no Fasciola spp. infections have been reported in P.
columella so far, despite its reported role in Fasciola transmission
and the numerous fasciolosis cases within the conservancy (this
study; Mudavanhu et al., 2024a; pers. comm. Karl van Laeren and
autopsy report Jacqueline De Grant). Notably, Fasciola infections
were also absent in snails sampled in August 2021 (Mudavanhu
et al., 2024b), while Mudavanhu et al. (2024a) identified a single F.
gigantica infection in R. natalensis in the middle section at Imire in
the warm, wet season of 2022. Fasciola prevalence in snails is gen-
erally low compared to the high infection prevalence in the final
hosts, although this is the case for all trematode species (Pfukenyi
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et al., 2006; Hadebe et al., 2023). Moreover, seasonal variation is
a typical phenomenon, with Fasciola egg hatching and develop-
ment being optimal between 20 °C and 30 °C (stopping below
10 °C), while miracidia hatching and cercarial development times
increase significantly with decreasing temperature (Modabbernia
et al., 2024). As such, the cold, dry season in which sampling took
place could be suboptimal for F. gigantica development, which
possibly explains the absence of infected snails. However, in sam-
ples collected during the same period from the central section of
the conservancy, multiple specimens of both R. natalensis and P.
columella were found infected with Fasciola spp. using the same
RD-PCR protocol (unpublished results).This suggests that season-
ality alone is unlikely to account for the absence of infected snails
in the present study. Furthermore, host–parasite incompatibility is
unlikely, as invasive African P. columella populations belong to a
globally distributed, highly susceptible clone (Lounnas et al., 2017).
Instead, this discrepancy underscores the focal nature of Fasciola
transmission and low prevalence in snail intermediate hosts. Field
screenings frequently fail to detect infected snails even in active
foci, a pattern well documented in endemic settings where screen-
ing hundreds of lymnaeid snails by PCR returned zero infections
despite >50% prevalence in local livestock (Hoang Quang et al.,
2026).

Another consideration is the yearly treatment of the conser-
vancy’s ruminants with the anthelmintic Flukazole C, a highly
effective drug against liver flukes if dosed correctly (Hutchinson
et al., 2009), which could affect the number of eggs that are released
and subsequently infect snails (Kouadio et al., 2021). In this case,
however, administration is done annually through supplemen-
tal feeding, which makes accurate dosing nearly impossible for
free-roaming animals. Furthermore, no literature describing the
efficacy of this drug against amphistomes was found, and other
flukicides tend to show only limited efficacy against amphistomes,
especially against immature stages (Huson et al., 2017). Therefore,
F. gigantica and C. aff. microbothrium will likely be able to persist
and co-infect local ruminants in the coming years unless treatment
methods change.

Shedding experiments and RD-PCR confirmed the presence
of additional trematodes. As expected, RD-PCR revealed more
trematode infections than shedding (Born-Torrijos et al., 2014).
However, many of the amplification and sequencing attempts for
the molecularly detected infections failed. This is probably due
to the limited set of available COI primers for African trema-
todes, combined with low trematode DNA template within snail
tissue. Therefore, isolating trematode parthenitae from dissected
snails might be beneficial in future studies. Radix natalensis was
infected with P. maculosus and an unidentified Plagiorchis species.
Trematodes of this genus are widely distributed and infect fresh-
water snails as first intermediate hosts, insect larvae as second
intermediate hosts and a diverse range of final hosts, including
birds and mammals, and some species are zoonotic (Chai, 2019).
Knowledge of Plagiorchis spp. in Africa is scarce; however, P. mac-
ulosus has been reported once fromHirundo rustica in Togo (Chai,
2019). Given that only a single top BLAST match corresponds to a
morphologically verified adult specimen, this identification should
be interpreted with caution. Our Plagiorchis sp. sequences were
identical to those of a previously undescribed Plagiorchis species
in R. natalensis and mice from Senegal, reported by Catalano et al.
(2019).

Echinostoma sp. was found infecting R. natalensis and P. col-
umella. Echinostomatids typically infect freshwater snails as a first
intermediate host; a broad range of aquatic organisms as second

intermediate hosts, including but not limited to snails, frogs, clams
and fish; and birds and mammals as definitive hosts (Toledo and
Fried, 2019). The host snails reported here are consistent with
those reported in the literature (Grabner et al., 2014; Chibwana and
Nkwengulila, 2019).

Finally, the Lentorbis-like planorbid was found infected with a
species of the order Plagiorchiida, which could not be further iden-
tified.Morphologically, the Lentorbis-like planorbid closely resem-
bles the description of L. junodi, which is known to occur, albeit
rarely, from Ethiopia to South Africa, matching its occurrence in
Zimbabwe (DBL-WHO, 1977, 1986; Brown and Kristensen, 1989).
The pairwise distance of 3.3–4.1% with Segmentorbis sp. is close to
the intergeneric threshold of 4–6% frequently seen for Planorbidae
(pers. comm. Christian Albrecht). Combined with the absence of
internal septa, the genetic distance indicates that the Lentorbis-like
planorbid belongs to a genus closely related to Segmentorbis, which
could potentially be Lentorbis. Combined, this suggests that our
specimen could be identified as Lentorbis cf. junodi. However, the
pairwise distance of 15.4% with the tentatively identified Lentorbis
sp. (Angola) suggests that one of the specimens is wrongly identi-
fied as Lentorbis. Soft tissuemorphology, togetherwith comparison
to type material, should provide a definite species identification
(Brown and Kristensen, 1989). Therefore, the classification of our
specimens remains as Lentorbis-like planorbid. Clearly, African
small planorbids and their parasites remain largely unexplored,
and this underrepresentation has also been reported in Europe
(Schwelm et al., 2018). A taxonomic effort is required to fully
map their diversity across Africa. In turn, this will facilitate future
barcoding efforts and provide the basis for amore profound under-
standing of snail host–parasite interactions across Africa (Brooks,
1988; Kamiya et al., 2014; Engelstädter and Fortuna, 2019).

Although buffalo mortality is typically higher during winter
months due to limited resources and low temperatures (Prins
et al., 2023; Taylor et al., 2023), the number of fatalities observed
in the winter of 2023 (26 wild ruminants, including 4 juvenile
buffaloes) was substantially higher than in previous years. This
increase occurred despite reportedly milder conditions, with frost
starting approximately 1 month later than usual and the provi-
sion of supplemental feeding. The presented data do not directly
confirm trematode infections as the main cause of this individual
buffalo’s condition, either. These observations suggest that addi-
tional factors may have contributed to the observed increase in
mortality. Malnutrition and stress reduce buffaloes’ resilience to
disease, and increased parasite and pathogen transmission is more
likely to occur during droughts when animals aggregate around
water sources (Kock et al., 2023). In addition, trematode infec-
tions have been linked to an increased susceptibility to pathogens
and more severe disease in buffaloes and cattle (Abruzzi and Fried,
2011; Ezenwa and Jolles, 2011; Howell et al., 2018). For instance,
buffaloes with bovine tuberculosis that were also infected with
helminths suffered higher mortality compared to those treated
with anthelmintics (Ezenwa and Jolles, 2015). Environmental stress
is known to affect parasite burden in other vertebrates as well
(Oppliger et al., 1998; Lafferty and Kuris, 1999; Vicente-Santos
et al., 2023). For instance, pesticide exposure suppresses immune
responses in frogs, leading to increased trematode infections
(Kiesecker, 2002). Therefore, we propose that trematode infec-
tions in large African herbivores may act as an additional stressor,
most pronounced under conditions of environmental stress and
exacerbated by anthropogenic pressures and co-infections with
other pathogens. A multiple-stressor approach is required to test
this hypothesis, in which individual-level samples are collected to
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measure physiological and immunological phenotypes in order to
determine patterns of wildlife health across stressful time peri-
ods and landscapes (Pirotta et al., 2022; Simonis et al., 2025).
Nevertheless, it will be a challenging effort; solutions such as non-
invasive (stool or blood) sampling are needed to facilitate ethical
parasite sampling in living mammals, complex interactions need
to be considered and confounding snail and parasite identification
needs to be overcome.

In conclusion, this study highlights the complex interactions
between trematodes, invasive snail species andwildlife health in an
intensivelymanaged wildlife conservancy.We reported F. gigantica
andC. aff.microbothrium in a deceasedAfrican buffalo andprovide
novel evidence that the invasive snail P. columella can naturally sus-
tain and transmit C. aff. microbothrium, a major cause of amphis-
tomiasis of African ruminants. This finding further highlights the
potential role of this invasive snail in parasite spillback and elevated
trematode transmission. Based on these results, we suggest that the
role of trematodes as additional stressors should not be underes-
timated when environmental stress is high or potential pathogen
co-infections occur. Finally, this study encountered persistent tax-
onomic and knowledge gaps in African trematodes and freshwater
snails, emphasizing the need for frequentmonitoring using an inte-
grated molecular, morphological and ecological approach to better
understand parasite diversity, transmission dynamics and their
implications for wildlife health in rapidly changing ecosystems.

Supplementary material. The supplementary material for this article can
be found at https://doi.org/10.1017/S0031182026102728.
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